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Cellulose nanofibers from durum wheat straw (Triticum durum) were produced and characterized to

study their potential as reinforcement fibers in biocomposites. Cellulose was isolated from wheat

straw by chemical treatment. Nanofibers were produced via an electrospinning method using trifluoro-

acetic acid (TFA) as the solvent. The nanofibers were 270 ( 97 nm in diameter. Analysis of the FT-

IR spectra demonstrated that the chemical treatment of the wheat straw removed hemicellulose and

lignin. XRD revealed that the crystallinity of the cellulose was reduced after electrospinning, but

nanofibers remained highly crystalline. The glass transition temperature (Tg value) of the fibers was

130 �C, higher than that of cellulose (122 �C), and the degradation temperature of the fibers was

236 �C. Residual TFA was not present in the nanofibers as assessed by the FT-IR technique.
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INTRODUCTION

Ecological concerns aimed at reducing the use of nonrenewable
raw materials are stimulating the development of new materials
from natural sources. Cellulose fibers from crops such as cotton,
linen, hemp, jute, and wood have been investigated as reinforcing
agents in thermoplastic matrices because of their low density,
abundance, renewability, low cost, strength, and minimum abra-
sion of processing and transformation equipment (1, 2). Agri-
cultural residues can provide a major source of cellulose fibers.
In Mexico, national wheat production is almost 4 million tons
per year, of which approximately 2 million tons are durum wheat
(Sistema de Información Agroalimentaria y Pesquera, http//
www.siap.gob.mx). Approximately 1.6 kg of nongrainmaterial is
produced for every kilogram of grain in a wheat crop (3). Thus,
nearly 3.2 million tons of durum wheat straw is produced in
Mexico each year.

Wheat straw is primarily composed of cellulose-fiber conglom-
erates bound by an intercellular matrix composed of hemicellu-
loses, lignin, and pectins (4). The major component is cellulose,
which chemically consists of a linear polymer formed by D-glucose
units joined by β-1-4 glucosidic bonds. In nature, the cellulose
chains are packed in an orderly manner to form compact micro-
fibers, which are stabilized by both inter- and intramolecular
hydrogen bonds. These microfibers have diameters of 8-10 nm
and lengths of a few micrometers (1).

In recent years, several studies have attempted to obtain
these plant nanofibers and use them to produce organoleptically

desirable high-fiber foods (5) and biomedical materials (6) and to
reinforce materials for biocomposites (1, 7). The use of the elec-
trospinning method to produce nanofibers has increased sub-
stantially in recent years (6-12) due to the ability to provide
nanofibers directly fromapolymer solution. Thismethod is based
on the ejection of a continuous streamof a polymer solution from
an orifice using electrostatic forces. The liquid stream solidifies
into a strand that is randomly deposited on the surface of a
collector to form fibers (11).

Because the electrospinning method produces nanofibers
directly from a polymer solution, the choice of an appropriate
solvent is critical for successful nanofiber production. Cellu-
lose exhibits very low solubility in organic solvents due to its
crystallinity and its large number of hydrogen bonds, compli-
cating the production of nanofibers by electrospinning (12).
However, Ohkawa et al. (6 ) have successfully obtained nano-
fibers by electrospinning using cellulose directly solubilized
with trifluoroacetic acid (TFA).

Here, we propose to utilize durum wheat straw, an abundant
agricultural residue, as a raw material for the production of
cellulose nanofibers. The use of these nanofibers in biomaterials
may be a commercially viable application that would encourage
the use of renewable sources that are currently underutilized. To
this end, we produced cellulose nanofibers from durum wheat
straw and characterized their dimensions and morphology using
scanning electron microscopy (SEM), their chemical structure
using Fourier-transform infrared spectroscopy (FT-IR), their
crystallinity using X-ray diffraction (XRD), and their thermal
stability using thermogravimetric analysis (TGA) and differential
scanning calorimetry (DSC).

*Corresponding author [phone þ52 (662) 2592207-08-09; fax þ52
(662) 2592207; e-mail pitorres@guayacan.uson.mx].
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MATERIALS AND METHODS

Extraction of Cellulose. Durum wheat straw (Triticum durum cv.
Jupare) was processedwith amill (ThomasWiley laboratorymill, model 4,
Swedesboro, NJ) and sieved through a 180 μm mesh screen (Retsch
GmbH, Haan, Germany). The straw was previously dewaxed using the
Soxhlet method as described in the standards of the Technical Association
of the Pulp and Paper Industry (TAPPI) (T264 om-82 and T204 os-76).
Cellulose was extracted from the durum wheat straw by a method com-
monly used to assess the R-cellulose and hemicellulose content of ligno-
cellulosic materials as previously described (13). The holocellulose content
(R-cellulose þ hemicelluloses) of the fibers was obtained by treating the
fibers with NaClO3 and NaOH (J. T. Baker, Philipsburg, NJ). The R-
cellulose content of the fibers was then extracted through further NaOH
treatment of the fibers to remove the hemicelluloses.

Preparation of Nanofibers. Nanofibers were prepared from the
wheat straw cellulose. To prepare the nanofibers, we used TFA (Alfa Aesar,
WardHill,MA) as a solvent, according to themethod ofOhkawa et al. (6).
To find the conditions for nanofiber formation, we tested important
variables, including solvent composition, polymer concentration, flow
rate, voltage, and distance between the needle and the plate collector, on
the basis of the conditions reported by Okawa et al. (6). Table 1 shows the
conditions tested. The polymer concentration varied from4 to 5.5% (w/v).
Solvents tested were pure TFA andmixtures of TFAwith water and TFA
with acetic acid (Merck,Darmstadt,Germany).Mixtureswere intended to
diminish the volatility of the TFA. The polymer solution was then
transferred to a 10 mL plastic syringe with an 0.8 mm diameter needle.
Flow rate varied from 0.5 to 2.3 mL/h and was controlled by a syringe
pump (Kd Scientific, Holliston,MA). A voltage between 12 and 20 kVwas
applied to the polymer solution using a high-voltage power supply
(Spellman, CZE 1000 R, USA). Distance between the needle and the
collector plate varied from 5 to 10 cm, and a square aluminum plate
(10 cm �10 cm) was used as the collector.

SEM. The morphology of the wheat straw, isolated cellulose, and
nanofibers was observed using a scanning electron microscope (JEOL
5410LV, Tokyo, Japan) at an acceleration voltage of 15 kV.Materials were
sputtered-coated with carbon prior to examination. The average diameter
of the fibers was determined in 3 samples and 30 fibers randomly taken on
each one. The program Image Tool version 3.0 was used.

XRD. XRD analyses were carried out using an X-ray diffractometer
(Rigaku Geiger-flex D/Max-B, Tokyo, Japan) equipped with Cu KR
radiation and a graphite monochromator at a scanning rate of 0.02�.
Wheat straw, cellulose, and nanofibers were analyzed from 2θ = 5� to
2θ = 70� with a step size of 2θ = 0.02� at 40 kV and 20 mA.

FT-IR Spectroscopy. FT-IR spectroscopy was used to examine the
structural changes in the cellulose fibers and nanofibers. A Perkin-Elmer
spectrum GX spectroscope (Perkin-Elmer Life and Analytical Sciences
Inc., Waltham,MA) was used to obtain the spectra of each sample. Fibers
were milled, mixed with KBr (Aldrich Chemicals, Milwaukee, WI), and
pressed into thin, transparent pellets. FT-IR spectroscopic outputs were
collected in the range of 4000-400 cm-1. Spectral outputs were recorded
in transmittance mode as a function of wavenumber.

Thermal Characterization. TGA and DSC were performed to study
the degradation characteristics and glass-transition temperatures (Tg) of
the wheat straw, cellulose, and nanofibers. Determinations were carried
out on simultaneous DSC-TGA equipment (TA Instruments, SDT 2960,
NewCastle,DE).A 6mg sample of eachmaterialwas heated to 700 �Cat a
heating rate and cooled at a cooling rate of 10 �C/min. Nitrogen was used
as a purge gas at a flow rate of 20 mL/min. Three repetitions of the
measurements were done.

StatisticalAnalysis.Descriptive statistics and analysis of variance at a
significance level of 95% were performed with the statistical software
XLSTAT-2010 (Addinsoft Corp.).

RESULTS AND DISCUSSION

Electrospinning Conditions. Conditions for electrospinning
were identified on the basis of the homogeneity of the fibers
and their direction with respect to the collector plate. Conditions
for nanofiber formation were a polymer concentration of 4.0%,
pure TFA as a solvent, a needle-to-collector-plate distance of

7.0 cm, a flow rate of 1.5 mL/h, and a voltage of 15 kV. Appear-
ance of the nanofibers was similar to that described by Ohkawa
et al. (6): a white sheet with a fine structure similar to that of a
nonwoven fabric composed of nanoscale fibers and tubular
aggregates.Whenmixtures of TFAwithwater andTFAwith acetic
acid were used to solubilize the cellulose, drops were produced
instead of fibers, probably due to the incomplete evaporation of
the solvent.

SEM and Physical Characteristics. Figure 1A shows that wheat
straw was formed of cellulose-fiber conglomerates that were
tightly joined by an intercellular matrix composed of hemicellu-
loses, lignin, and pectins. Wheat straw also contained a large
amount of silica, located mostly in the epidermis (4). To extract
cellulose fibers, hemicellulose, lignin, and pectins must be re-
moved. We isolated cellulose using the treatment described by
Zobel and McElvee (13). SEM examination demonstrated that
cellulose fibers were successfully isolated (Figure 1B), showing
residue-free fibers. Additionally,Figure 1C shows that after chem-
ical treatment, the cellulose-fiber conglomerates could be sepa-
rated more easily.

The average diameter of the cellulose-fiber conglomerateswas
42 ( 0.68 μm (Figure 1B). This result is consistent with the dia-
meter of the same structures ofwheat straw (25-125 μm) reported
by Hornsby et al. (4). In this study, the average diameter of indi-
vidual wheat straw cellulose fibers was 5( 1.17 μm, smaller than
that of the fibers produced by Alemdar and Sain (10-15 μm) (1).

Nanofibers are defined as submicrometer fibers having dia-
meters varying from 100 to 500 nm (14). SEMmicrographs of the
cellulose nanofibers (Figure 1D-F) showed a continuous tubular
morphology with mean diameters of 270( 0.097 nm. The nano-
fibers obtained by Ohkawa et al. (6) from cotton and wood-pulp
cellulose using TFA as a solvent had smaller diameters (30-
50 nm). Nanofibers can be utilized to reinforce biomaterials
because their small diameters confer an extremely high specific
surface area, up to 1000 times larger than the surface area of
microfibers (15), and permit direct contact between cellulose and
matrix polymers. On the other hand, because of their small
diameter, these nanofibers may achieve stability by grouping
themselves into larger fibrous structures, as can be seen in this

Table 1. Electrospinning Conditions Tested in the Preparation of Nanofibers
from Wheat Straw Cellulose

sample

polymer

concentration

(wt %) solvent

collector

distance

(cm)

flow

rate

(mL/

h)

voltage

(kV)

WSCa 4.0 TFAb/water 10.0 0.9 15

WSC 4.0 TFA/water 10.0 1.5 15

WSC 4.0 TFA/acetic acid 10.0 1.5 15

WSC 4.0 TFAb 10.0 0.8 15

WSC 4.0 TFA 10.0 1.5 15

WSC 4.0 TFA 10.0 2.0 17

WSC 4.0 TFA 10.0 2.5 15

WSC 4.0 TFA 5.0 1.5 15

WSC 4.0 TFA 7.0 1.5 15

WSC 5.0 TFA 5.0 1.5 15

WSC 5.0 TFA 5.0 0.5 17

WSC 5.0 TFA 7.0 1.5 15

WSC 5.5 TFA 5.0 1.5 15

WSC 5.5 TFA 7.0 1.5 15

aWSC, wheat straw cellulose. b TFA, trifluoracetic acid. Solvent mixture TFA/
water 9:1; TFA/acetic acid 9:1.
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study. Some of the nanofibers obtained fromwheat straw exhibit
a structural rearrangement in tubular aggregates, as shown in
Figure 1D-F. The lower left section of the tubular aggregate
(Figure 1F) appears to show collapsed fibers. This can be the
result of incomplete drying of the TFA. Tubular aggregates may
increase the tensile strength of the fibers; however, this may
reduce the surface area or may also interfere with a proper dis-
persion of the nanofibers in the matrix, a requisite for the rein-
forcing performance of the nanofibers (16). This needs to be
investigated.

FT-IR Spectroscopy. FT-IR spectroscopy is a nondestructive
method used to study the physicochemical properties of ligno-
cellulosic materials (1). Table 2 shows the main FT-IR bands
presented by the materials under study. FT-IR analysis of both
the cellulose and nanofibers revealed changes in their structure.
In the spectrograms (Figure 2), a band of strong intensity at
∼3400 cm-1 was observed due to the stretching of the O-H
bonds, and a band of medium intensity at ∼2800 cm-1 was
attributed to the stretching ofC-Hbonds (1). In the spectrum for
durum wheat straw (Figure 2A), a prominent band at 1734 cm-1

could be attributed to the uronic esters and acetyl groups from the
hemicelluloses or to the ester bonds of the carboxylic groups of
the ferulic and p-coumaric acids from lignin (17). This peak
disappeared in the cellulose fibers (Figure 2B), indicating that
the isolation method effectively broke the ester bonds of the

hemicelluloses and lignin, thereby removing them. The band at
1509 cm-1 (Figure 2B) was attributed to vibrations of the aromatic
ring of lignin (17), and this band also disappeared in the cellulose
and nanofibers. The band observed at approximately 1430 cm-1

were attributed toCH2 bending of cellulose and lignin (Figure 2A);
however, in Figure 1B,D, it was attributed only to cellulose, due to
the disappearance of bands at 1734 and 1509 cm-1 attributed
to hemicelluloses and lignin. The weak band at 1380 cm-1 was
assigned to O-H bending (18). The absorbance in the 1330-970
cm-1 region was due to C-O bond stretching (19), whereas the
band at 1320 cm-1 was produced by C-C and C-O skeletal
vibrations (20). At 1050 cm-1, a strong band attributed to the
skeletal vibration of the C-O-Cpyranose ring was observed (21).
The band at 1630 cm-1 was attributed to the bending mode of the
absorbed water in the samples (18). A band at 900 cm-1 is
characteristic of the β-glucosidic bonds between sugar units (22).
An increase of this peak indicated the typical structure of cellulose
(Figure 2B) (1). At the same time, absorbances at 1429, 1372, 1318,
1164, 1061, 1034, and 901 cm-1 are associated with distinct cel-
lulose peaks (18). Sugiyama et al. (23) have found absorption bands
at 750 and 710 cm-1 for type I cellulose; these bands are assigned to
phases IR and Iβ, respectively. We did not detect an absorption
band at 750 cm-1 in theFT-IR spectra of thewheat straw cellulose;
only a small band appeared at 712 cm-1, indicating that phase Iβ
cellulose is the predominant form in the durum wheat straw.

Figure 1. Scanning electron micrographs of (A) durum wheat straw without treatment (magnification, 2000�), (B and C) cellulose fibers obtained after
chemical treatment (magnification 700� and 1500�, respectively), and (D, E, and F) electrospun cellulose nanofibers (1500�, 5000�, 7500�,
respectively). Silica is indicated by arrows in A.
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The FT-IR spectrum also indicated structural changes in the
nanofibers obtained by electrospinning (Figure 2C). These changes
were due to breaking of the fibrillar structure as a consequence of
dissolution in TFA. Nuclear magnetic resonance spectroscopy (C
NMR) revealed that when cellulose was dissolved in TFA, it
formed trifluoroacetyl esters selectively at the alcohol on carbon
6 of cellulose (24). This observation is consistent with the results
of the IR analysis of the nanofibers, in which an absorption band
appeared at approximately 1790 cm-1 due to the carbonyls of the
trifluoroacetyl ester groups. Hasegawa et al. (24) have demon-
strated that the degree of substitution of the trifluoroacetyl groups

formed during the dissolution of cellulose decreases as the solution
is exposed to air. The authors reported that the trifluoroacetyl ester
groups can be gradually hydrolyzed by moisture in the air, and
therefore the TFA is removed by natural evaporation. We can say
that this band appeared because the nanofibers obtained in this
study were analyzed without previous exposure to air. However,
this band disappeared as the nanofibers were exposed to air
(Figure 2D).

XRD. The chemical treatments and processing to which the
cellulose fibers were subjected resulted in changes in X-ray
diffraction patterns (Figure 4) ,which indicates changes in crystal-
line structure of durumwheat straw upon chemical conversion to
cellulose. Crystalline proportions also changed; percent crystal-
linity calculated from the areas under the peaks and the amor-
phous region in the graphics were 37% for wheat straw, 62% for
cellulose fibers, and 52% for cellulose nanofibers. Hydrogen
bonds between cellulose molecules are arranged in a regular
and ordered system, giving the cellulose crystalline properties (1).
The crystalline system of cellulose is monoclinic; individual
fibrillar units are arranged in long periods of ordered regions
(crystallites) interrupted by completely disordered regions. These
crystal structures in the cellulose fibers are affected by both chem-
ical and mechanical treatments (1). In wheat straw, (Figure 3A) a
crystalline organization was observed as a result of the structural

Table 2. Main FT-IR Bands Presented by the Materials under Study

intensity of the band

vibration (cm-1), functional group durum wheat straw cellulose nanofibers not exposed to air nanofibers exposed to air

∼3400, O;H stretch strong strong strong strong

∼2800, C;H stretch medium medium medium medium

∼1790, CdO TFAa medium

∼1734, -CdO of ester weak

∼1630, H;O;H bendig medium medium strong medium

∼1509, aromatic ring weak

∼1430, -CH2 bending weak weak weak weak

∼1380, O;H bending weak weak weak weak

∼1050, C;O;C stretch strong strong strong strong

a TFA, trifluoroacetic acid.

Figure 2. FT-IR spectra of the (A) durum wheat straw, (B) cellulose, (C)
nanofibers, and (D) nanofibers after being exposed to air.

Figure 3. X-ray diffraction patterns of (A) durum wheat straw, (B)
cellulose, and (C) nanofibers.
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system of cellulose within the straw. However, the diffraction
peaks were sharper in the extracted cellulose (Figure 3B). The
sharpness of the diffraction peaks indicated a greater degree of
crystallinity in the structure due to the removal of hemicelluloses
and lignin during the chemical extraction (1).

On the other hand, diffractograms showed that the durum
wheat straw cellulose (Figure 3B) had a type I crystal structure
(characteristic peaks at 2θ=14.7�, 16.4�, and 22.5�), correspond-
ing to the native crystal structure of cellulose. This crystal form
presents the greatest degree of both intra- and intermolecular
hydrogen bonding (25). During the electrospinning process, the
crystal structure of native cellulose was disorganized, apparently
reducing crystallinity of thenanofibers upondeposition (Figure 3C).
Amorphous phases in the nanofibers originated because most
hydrogen bonds (intra- and intermolecular) were destroyed when
the cellulose was dissolved (26). According to Ohkawa et al. (6),
TFAbreaks the type I crystal structure. The crystalline nature of the
cellulose nanofibers can be given not only by the chain conforma-
tion but also by the packing of adjacent chains (27). In the nanofiber
diffractogram (Figure 3C), two peakswere observed (2θ=9.8� and
22.0�), probably indicating that part of the native cellulose crystal
structure was retained (peak 2θ = 22.5�). However, the peak at
2θ = 9.8� may have been the result of a structural rearrangement
during the electrospinning process.

Thermal Characterization. Investigating the thermal properties
of natural fibers is important in evaluating their potential use in
the processing of biomaterials, when temperatures may exceed
200 �C (1). In this study, the glass transition temperature (Tg) and
the thermal decomposition of fibers and nanofibers were mea-
sured by DSC and TGA, respectively. The Tg values obtained
by DSC were significantly different (p < 0.05) for wheat straw
(138.7 �C), cellulose (122.2 �C), and nanofibers (130.4 �C). The
higher Tg value of wheat straw than those for cellulose and
nanofibers can be explained by the existence of other polymers
that were joined by intra- and intermolecular bonds, resulting in
fewer free spaces between the polymer chains. The higherTg value
of the nanofibers than that of cellulose was probably due to the
reorganization of the nanofibers in larger tubular structures
(Figure 3). According to Rodrı́guez et al. (28), an increase in Tg

can be also attributed to cross-linking of the polymer chains. We
hypothesize that a structural rearrangement occurred during the
production of the nanofibers, involving crystalline structure
changes and leading to a large number of interactions between
the polymer chains. By definition, a higher temperature would be
required for the polymer chains to have greater free space and
mobility.

The thermogravimetric study involved analyzing the weight loss
of the material as a function of temperature. The thermograms

obtained by TGA (Figure 4) showed that the first weight loss
occurred at approximately 100 �C and amounted to a 6%degrad-
ationof the sample. This loss was attributed to the loss ofmoisture
and solvent from the material (29). Thermograms of the cellulose
and nanofibers presented similar behavior (Figure 4B,C). In the
ranges of 246-336 �C for cellulose and 237-328 �C for nanofi-
bers, significant weight loss occurred (∼70% of weight). Canche-
Escamilla et al. (30) have stated that this loss is due to depolym-
erization of the cellulose caused by breaking of the glucosidic
bonds of the chain, forming levoglucosan (1,6-anhydro-β-D-
glucopyranose) and carbon residues. However, in the ranges of
337-475 �C for cellulose and 328-412 �C for nanofibers, weight
decreased by ∼19%; this weight loss was attributed before to the
degradation of of lignin (30). The thermogram of the wheat straw
(Figure 4A) indicated greater resistance to degradation in the
range of 314-446 �C due to the presence of larger amounts of
hemicelluloses and lignin.

On the other hand, the degradation temperatures of the durum
wheat straw, cellulose, and nanofibers were 192, 246, and 236 �C,
respectively (Figure 4), indicating that the thermal stability of the
material increased after chemical treatment during cellulose
isolation. Similar behavior has been reported by Alemdar and
Sain (1) in wheat straw that had been chemically treated. How-
ever, the degradation temperature of the nanofibers was lower
than that of cellulose. The reduced crystallinity of the nanofibers
may be the reason for the reduced thermal stability. Finally, the
residue remaining above 700 �C amounted to 12% of the wheat
straw but only about 2% of the cellulose and nanofibers.
According toNguyen et al. (31), the higher degradation tempera-
ture of cellulose and the smaller amount of residue are related to
the partial removal of hemicelluloses and lignin in addition to the
high crystallinity of cellulose. These factors explain the smaller
amount of residue observed in the cellulose and nanofiber sam-
ples above 700 �C.

An application of the nanofibers as reinforcing materials in
biocomposites intended for human contact or consumption is
feasible. FT-IR results showed the complete removal of the TFA;
thus, contact with or consumption for humans is safe. Therefore,
the idea of an application in materials that can be in contact with
food is reasonable. A reinforcing capability of the nanofibers can
be expected from their exceptional thermal stability, high propor-
tion of crystalline structure, and the high surface area generated
with the formation of the nanofibers. This extensive area of
contact with the compatible matrix ensured the strengthening of
the material.

Cellulose fibers were successfully isolated by a method com-
monly used to assess the R-cellulose content of lignocellulosic
materials. However, the use of reagents such as sodium chlorite
must be properly handled (due to the high irritability produced),
aswell as themanagement of itswaste into the environment.Nano-
fibers were obtained from durum wheat straw cellulose using the
electrospinning method. Structural changes were observed in the
cellulose due to the breaking of its fibrillar structure during its
dissolution in TFA and posterior rearrangement. The thermal
stability, high crystallinity, and extremely high contact surface
generated because of their small size make the nanofibers pro-
duced from wheat straw appropriate to reinforce biomaterials as
one of the possible applications. Residual TFAwas not present in
the nanofibers as assessed by the FT-IR technique.
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